
Stabilization of Neutral Polyfluorene in Aqueous Solution through
Their Interaction with Phospholipids and Sol−Gel Encapsulation
Ricardo Mallavia,* Maria Jose ́ Martínez-Tome,́ Rebeca Vaźquez-Guillo,́ Zehra Kahveci, Amparo Estepa,
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ABSTRACT: Interaction between poly[9,9-bis(6′-bromohex-
yl)-2,7-fluorene-co-alt-1,4-phenylene] (PFPBr2), a neutral
conjugated polyfluorene which is completely insoluble in
water, and zwitterionic phospholipids has been investigated in
order to generate new fluorescent structures which are stable
in aqueous media as a means of extending the biological
applications of these kinds of polymers. Two types of
differently shaped and composed fluorescent structures were
identified and then isolated and characterized separately using
different biophysical techniques. The first structure type, corresponding to liposomal complexes, showed a fluorescence band
centered around 405 nm and maximum absorption at 345 nm, while the second, corresponding to polymer−phospholipid
aggregates of variable sizes with lower lipid content, absorbed at longer wavelengths and displayed a well resolved fluorescence
spectrum with a maximum centered at 424 nm. Both structures were stable in a large range of pH, and their fluorescence
intensity remained practically unaltered for 10 days; it then began to decrease, which was probably because of aggregation.
Encapsulation of these structures within the pores of a sol−gel matrix did not affect their fluorescent properties but increased
their stability, avoiding further aggregation and subsequent precipitation.
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■ INTRODUCTION

Conjugated polymers (CPs) are probably among the organic
materials with the broadest range of applications, for example,
from antistatic coatings, electrodes, and transistors to light-
emitting diodes, large area displays, photodetectors, photo-
voltaic cells, and lasers, etc.1−6 This versatility is mainly related
to the fact that this material can switch from a nonemitting
state to a fluorescent state in response to small environmental
changes. Consequently, CPs have the necessary properties to
be considered a promising new class of sensory materials.7−9 In
this sense, fluorene-based CPs and copolymers are good
alternatives to conventional CPs for sensor applications,
because they have combined high sensitivity and selectivity
and provide a higher response in blue fluorescence reducing
interferences generated by other compounds.10,11 Despite their
excellent photophysical and electrochemical properties, the use
of fluorene-based CPs for designing new sensors with
applicability to biological samples12 or direct diagnostic tests
is made difficult by their low solubility and quantum yield in an
aqueous environment. A common strategy applied to increase
the aqueous solubility of polyfluorenes is based on the
enhancement of the macromolecule polarity, by appending
hydrophilic side chains to the main polymer chain.13−17

Alternative strategies may include encapsulating the backbone
of the polyfluorene with suitable macrocycles18 and/or its
interaction with surfactants.19,20

Synthetic phospholipids have good surfactant properties,
such as low toxicity and quick biodegradation, and they have
also been commercially available in a high state of purity.20,21 In
contact with water and under appropriate conditions, they can
form cellular structures known as liposomes, which are able to
solubilize a wide variety of nonpolar compounds. The inclusion
of polymers in liposomes has been studied as a way to increase
the long-term stability of the liposomes, increasing their
applications as drug delivery carriers.22 For this reason,
phospholipids could be considered as ideal candidates to
interact with nonpolar polyfluorenes so as to form fluorescent
complexes which are stable in aqueous environments. The
existence of interactions between phospholipids and neutral
polyfluorenes has recently been reported by our group23 and by
Tapia et al.24

This study aims to gain further insight into the complexes
formed, by using the blue light emitting neutral conjugated
polymer, PFPBr2 (poly[9,9-bis(6′-bromohexyl)-2,7-fluorene-co-
alt-1,4-phenylene), and the zwitterionic phospholipid, DMPC
(1,2-dimyristoyl-sn-glycerol-3-phosphocholine), as a model
(Chart 1). By combining different experimental techniques,
upon interaction between PFPBr2 and DMPC, two types of
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fluorescent structures were identified, which were isolated and
characterized separately. Both structures were found to have
different composition and fluorescent properties and were
stable in aqueous media in a large range of pH values. The long-
term stability of the complexes formed was improved after their
encapsulation within the pores of a sol−gel glass, which also
permitted easy manipulation of the material and extended their
potential biomedical applications in the development of
biological chemical sensors and drug delivery platforms.

■ MATERIAL AND METHODS
Reagents. All materials used for buffer and gradient prepara-

tionssodium phosphate, Tris−HCl, Tris base sucrose, and 2-
dimyristoyl-sn-glycerol-3-phosphocholine (DMPC)were purchased
from Sigma-Aldrich Chemical Co., St. Louis, MO. Neutral conjugated
poly[9,9-bis(6′-bromo-hexyl)-2,7-fluorene-co-alt-1,4-phenylene],
(PFPBr2), was synthesized and characterized as previously described
(Mw = 10.0 kg·mol−1; PDI = 2.0; DP = 17 based on polyfluorene
calibration).25,26

Preparation of DMPC Vesicles. A stock solution of DMPC was
prepared in chloroform, in the absence or presence of PFPBr2, at an
adequate polymer-to-lipid molar ratio (1:5).23 Chloroform solutions
were then dried under a stream of argon to obtain a thin film at the
bottom of a small thick-walled glass tube. After removing the traces of
organic solvent, the film was resuspended in sodium phosphate buffer
(10 mM, pH 7.4) to reach a final lipid concentration of 0.5 mM. The
suspension was then heated at 40 °C and vortexed for 30 min. This
method yields multilayer lipid vesicles (MLVs), with typical diameters
between 0.5 and 1 μm.
Isolation of PFPBr2-DMPC complexes. Sucrose gradient

centrifugation was used to isolate the PFPBr2−DMPC complexes
following the previously described procedures.27,28 The DMPC
vesicles (prepared in the absence or presence of PFPBr2) were
layered onto a 10−50% discontinuous sucrose gradient created by
gently overlaying lower concentrations of sucrose with higher
concentrations in a centrifuge tube. In this case, the sucrose gradient
consists of nine sucrose fractions of 1 mL extending from 10 to 50%
sucrose in 5% increments. Sucrose solutions were prepared in Milli-Q
water.
The gradient was then centrifuged for 24 h in a Beckman SW 41

rotor at 70.000 g and 4 °C. After centrifugation, each sucrose layer (1
mL) was removed sequentially from the top of the gradient using a
different sterile pipet for each layer and fluorescent bands or fractions
visible under UV light were washed twice with Milli-Q water,
lyophilized, and kept at 4 °C until use.
Immobilization in Sol−Gel Matrix. Silica stock solution was

prepared by mixing 4.46 mL of TEOS, 1.44 mL of water (Milli-Q),
and 0.04 mL of 0.6 M HCl in a closed vessel. The mixture was stirred
for 1 h, and alcohol was subsequently removed by means of
rotaevaporation. Afterward, 700 μL of the PFPBr2/DMPC complexes
was mixed with 700 μL of deoxygenated silica stock solution in a

disposable polymethylmethacrylate cuvette. Gelation readily occurred
after mixing. After 1 h, monoliths, of ∼9 × 9 × 12 mm3, were washed
three times with phosphate buffer and were wet aged in 0.5 mL of the
same buffer at 4 °C for 24 h. Cuvettes were covered with parafilm and
stored in the dark at 4 °C before use.

pH and Time Stability Assays. About 20 μL from samples
washed in Milli-Q water was added to 1.5 mL of a different buffer
solution freshly prepared from Tris−HCl and Tris-base (10 mM
both), with pH values ranging between 2.5 and 13.5. Stability was
assessed by monitoring the fluorescence spectra of the complexes at
the different pHs and plotting their area in relation to that obtained at
pH 7.5. Samples at pH 7.5 and at room temperature were selected for
the time stability assays.

Instrumentation. Microscopy. Inverted fluorescence or epifluor-
escence microscopy was carried out using a Nikon Eclipse TE2000-U
inverted microscope equipped with a Nikon Digital Sight DS-1QM/H
and Nikon Digital Camera DXM1200C. We used a homemade stain-
steel chamber where approximately 500 μL of preparation was
deposited over a glass surface. Data acquisition was monitored
successively by manual format, and data were processed using NIS-
Elements AR 2.30 software. Transmission electron micrographs
(TEM) were performed using a Jeol 1010 microscope (Jeol, Japan),
operating at 80.000 kV. Samples were prepared by placing a drop of
the sample onto a 400-mesh copper grid coated with carbon film, and
after staining with uranyl acetate, they were left to air-dry before being
placed under the microscope. Images were recorded with a Megavideo
III camera. Acquisition was accomplished with the Soft-Imaging
software (SII, Germany).

Spectroscopy. Fluorescence and steady-state anisotropy measure-
ments were performed at room temperature in a PTI-QuantaMaster
spectrofluorometer, with automatically controlled Glan-Thompson
polarizers. Data acquisition was processed with FeliX32 software.
Samples containing the fluorescent complexes (buffer suspensions and
sol−gel monoliths) were placed in 10 × 10 mm2 path length quartz
cuvettes, and fluorescence emission spectra were recorded between
390 and 570 nm. Background intensities were always checked and
subtracted from the sample when necessary. Experiments were
repeated at least twice.

Proton nuclear magnetic resonance (1H NMR) experiments were
performed on a Bruker AVANCE 500 MHz spectrometer. The 1H
NMR spectra were collected at 296 K in deuterated chloroform at
0.03% in TMS as an internal reference. Estimation of the integrated
area for the molar ratio between components (DMPC and PFPBr2)
was carried out using identical gain, scans, and relaxation delay
relation.

Calorimetry. Differential scanning calorimetry was performed using
a purged N2(g) atmosphere at a heating/cooling rate in a Perkin-
Elmer Pyris model 6 apparatus. Data acquisition was monitored with
Pyris manager software, and processing was carried out using Origin
7.0 software. Differences in heat capacity between the samples and the
reference, which contained only liposomes, were obtained at a heating
rate of 1.50 °C/min. Samples and reference were scanned from −2.0
up to 45.0 °C. A series of three consecutive scans of the same sample
was made to ensure scan-to-scan reproducibility and average.

■ RESULTS AND DISCUSSION

Detection and Isolation of Fluorescent PFPBr2−DMPC
Complexes. Poly[9,9-bis(6′-bromohexyl)-2,7-fluorene-co-alt-
1,4-phenylene] (PFPBr2) is a neutral conjugated polymer
with an interesting synthetic projection, as a precursor of
polyelectrolytes and naturally for its luminescent properties,9

but completely insoluble in water and therefore nonfluorescent
in this medium.29 This fact, common in many polyfluorenes,
reduces their potential applications in environmental and
biomedical sectors. Given the hydrophobic nature of PFPBr2, to
improve solubility, we explored their possible incorporation
into liposomes composed of the zwitterionic lipid DMPC. As a
preliminary experiment, aliquots of PFPBr2 in chloroform were

Chart 1. Chemical Structure of PFPBr2 and DMPC
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added to an aqueous suspension of DMPC liposomes, which
were well above their transition temperature (23 °C), but no
fluorescent signal was observed. This result indicates that
PFPBr2 does not spontaneously interact with liposomes,
probably because the polymer readily aggregates once in the
aqueous media, and precipitates before its union with
liposomes can take place.
Previous experiments performed in our laboratory showed

that the interaction between PFPBr2 and liposomes can be
favored by simultaneously dissolving the polymer in chloroform
with the phospholipids, before forming the liposomes, as
described in the Materials and Methods.23 Following this
protocol, we mixed chloroform solutions of both compounds at
a molar ratio of 5:1 (DMPC:PFPBr2). The sample was dried
under a vacuum and the solid film resuspended in buffer and
placed in a fluorescent cuvette. The interaction between
PFPBr2 and phospholipid was made evident by the appearance
of a fluorescence band with a peak of around 425 nm upon
excitation at 370 nm (Figure 1), which was almost similar in

shape to the one corresponding to PFPBr2 in chloroform
(maximum emission at 408 nm), with a lower resolution and
shifted to red. Figure 1 also shows the fluorescence excitation
spectrum of the sample obtained at 445 nm. In this case, the
band was clearly broader than the one recorded in organic
solvent with the appearance of a shoulder around 490 nm. The
increase of the spectral width in the fluorescence excitation
spectrum suggests emission from different polymer popula-
tions. To further explore this hypothesis, the sample was
excited at different wavelengths and the emission spectra were
compared in the same region (Figure 2A). Results show that
the shape of the spectrum depends on the excitation
wavelength, indicating that there are at least two polymer
populations with different fluorescent properties, one emitting
around 400 nm and the other with maximum emission at 425
nm. When the excitation spectra were recorded with the
emission wavelength fixed at 390, 445, and 475 nm (Figure
2B), two different spectra were observed, which supports the
existence of these two populations. This fact led us to work on
the separation and characterization of these components using
different approaches.
First, we evaluated the different populations, according to

their density, using discontinuous sucrose density gradient
ultracentrifugation, because it is often used to purify enveloped
biological membranous structures.27,28 Samples were placed
onto a sucrose gradient, which was centrifuged for 1 day below
room temperature to preserve the vesicle structure. Following

this operation, two major bands appeared with high fluorescent
response under ultraviolet light: the narrow one corresponded
to 1.07 g·cm−3 density (15−20% sucrose; top f raction denoted
as TF), and the broader one was 1.2 g·cm−3 (45−50% sucrose;
bottom fraction denoted as BF) (Figure 3). Bands were
recovered from the gradient after being nonquantitatively
collected with a syringe, placed in different vials, and washed
twice with Milli-Q water.

Characterization of PFPBr2−DMPC Complexes. The
appearance of two major fluorescent bands in the sucrose
gradient supports the previously postulated existence of two
different polymer populations resulting from the interaction
with DMPC. Fluorescence properties of both populations (TF
and BF) were explored by recording their fluorescence spectra
(Figure 4). The excitation and emission bands from TF showed
low resolution, with intensity maxima at 345 and 405 nm,
respectively.

Figure 1. Normalized fluorescence excitation (left) and emission
spectra (right) of PFPBr2 in chloroform (full line) and DMPC (dashed
line), recorded fixing the wavelengths at 445 and 370 nm, respectively.

Figure 2. (A) Fluorescence emission spectra of PFPBr2 in DMPC
upon excitation at 330 (full line), 350 (dashed line), 370 (dotted line),
and 390 nm (dot-dashed line). (B) Fluorescence excitation spectra of
PFPBr2 in DMPC recorded fixing the emission wavelength at 390 (full
line), 445 (dashed line), and 475 nm (dotted line).

Figure 3. Methodology and identification of the fluorescent fractions,
once isolated using discontinuous sucrose gradient ultracentrifugation.
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In contrast, fluorescence spectra corresponding to BF were
red-shifted and the emission spectrum showed a higher
resolution in the vibrational structure, with two peaks at 425
and 445 nm. A similar emission spectrum has recently been
reported for the interaction of the cationic derivative
polyfluorene HTMA−PFP with surfactants or proteins in
water.24,30 The shape and position of the absorption and
emission spectrum of conjugated polyfluorenes are known to
be related to the degree of polymer aggregation.30,31 Because of
the hydrophobic backbones of polyfluorenes, they have a high
tendency to aggregate in an aqueous environment, which leads
to red spectral shift of the absorption and emission maxima. In
addition, aggregation reduces the number of degrees of the
polymer chain’s freedom and hence decreases in the number of
conformations present in the excited state. Therefore, our
results suggest that PFPBr2 in TF should be in a non-aggregate
state, as isolated polymer chains interacting with DMPC, while
in BF polymer chains and lipids should be aggregated.
We have characterized these structures more accurately by

analyzing the fluorescence depolarization of the samples.
Measurements of steady-state anisotropy were performed in
bottom and top fractions at room temperature, and details are
presented in the Supporting Information. Figure S2 (Support-
ing Information) shows comparative experimental results
obtained for this polyfluorene in different media. The value
of anisotropy in TF was high, r = 0.22 ± 0.02, not very far from
the value corresponding to the intrinsic anisotropy of the
polymer32 and close to the value obtained in chloroform
solution (r = 0.19 ± 0.02).33 In contrast, in BF, fluorescence is
highly depolarized with r = 0.04 ± 0.02, as occurs in solid state
r = 0.08 ± 0.02.32 Therefore, taking into account that
fluorescence depolarization in polyfluorenes is mainly caused
by energy transfer between adjacent polymer chains, and not by
the rotational motion of the excited fluorophore, we consider
that these results support the above hypothesis regarding the
composition of both fractions: in TF, the polymer chains
should be isolated in layers of phospholipids reducing the
energy transfer depolarization process and acting as a good
solvent, while BF should be constituted by aggregates of
nonordered polymers.
To visualize both populations, samples were observed under

fluorescence microscopy. Figure 5A shows the overlapped
images corresponding to TF, obtained upon irradiation with

UV and visible light. Spherical liposomes, displaying a blue
fluorescence, were clearly observed, which suggested that the
polymer is grafted onto the lipid bilayer. These images are
different from those corresponding to BF under UV light
(Figure 5B), which showed blue fluorescent particles of
heterogeneous shape and size. To get more insight into the
size and shape of these structures, transmission electron
microscopy (TEM) analysis was performed using a negative
stained protocol for biological samples, as described in the
Materials and Methods. Images corresponding to both
structures are shown in Figure 6A and B and compared to
those obtained from liposomes (MLVs) of pure DMPC which
were fabricated in the absence of PFPBr2 and isolated in the
same percentage of sucrose (Figure 6C). Results show that the
structures corresponding to TF are spherical with a diameter of
around 500−800 nm and similar to those observed in the
absence of polymer, while those corresponding to BF present
variable size clusters. The dry mass of each fraction was
approximately 60 ± 5% (TF: 15−20%) and 25 ± 5% (BF: 45−
50%) in relation to the initial sample. We also made a rough
estimation based on the composition of these structures from
1H NMR experiments. Comparative spectra confirmed the
presence of DMPC and PFPBr2 in both fractions with different
ratios (see details in the Supporting Information). Estimation
was made from the integration area of the methylene protons in
the polymer chain with respect to the protons in the methyl
groups of the myristoyl chains. Results showed molar ratios of
DMPC with respect to unity of the polymer PFPBr2 (DP = 17
based on polyfluorene calibration) of around 280:1 and 11:1 for
the top and bottom fluorescent fractions, respectively.
Finally, to confirm the existence of liposomes exclusively in

TF, we performed DSC experiments on the samples collected
from TF and BF bands and also on the samples containing
liposomes (MLVs) of DMPC, which were prepared in the
absence of polymer. Liposomes of pure DMPC are known to
show two endothermic peaks at about 14 and 23 °C,
corresponding to a less energetic pretransition and a more
energetic main transition, respectively. Both transitions are very
cooperative and characterized by sharp peaks in the thermal
scans. Figure 7 shows the DSC thermograms for the samples
corresponding to TF, BF, and polymer free liposomes. The
position, height, and width of the main peaks were almost
similar for TF and pure liposomes, indicating that the
cooperativity of the transition is not altered in the presence
of PFPBr2 and that the polymer does not disrupt the integrity
of the liposomes. There are probably not many polymer chains
in the lipid bilayer, which is supported by the fact that the
density of liposomes is similar in the absence and presence of

Figure 4. Excitation and emission spectra corresponding to top and
bottom fractions in water solution. The emission spectrum of TF was
recorded upon excitation at 340 nm (full line), the excitation spectrum
of TF fixing the emission wavelength at 400 nm (dotted line), the
emission spectrum of BF exciting at 370 nm (dashed line), and the
excitation spectrum of BF fixing the emission wavelength at 422 nm
(dot-dashed line).

Figure 5. Fluorescence microscopy images obtained for top (A) and
bottom fractions (B). Scale bar corresponding to 100 μm.
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PFPBr2. In contrast, no transition was observed in the DSC
thermogram corresponding to BF, which confirms that
phospholipids in the clusters are not arranged in bilayers to
form liposomes.
From the above results, it is possible to conclude that two

different fluorescent structures coexist in aqueous media upon
the interaction of PFPBr2 with zwitterionic phospholipids. One
is less dense than the other and is mainly constituted by
liposomes of homogeneous size, which contain PFPBr2
solubilized inside the bilayer as isolated polymer chains. The
other should be formed by polymer/phospholipid complexes
aggregated in clusters. Note that, besides the two main
fluorescent bands detected in the sucrose gradient (see Figure
3), a weak fluorescent signal is observed at intermediate
densities whose intensity increases from top to bottom.
Fluorescence spectra corresponding to these bands (20−45%
sucrose) displayed the same shape as those corresponding to
BF but much lower fluorescence intensity (data not shown).
This result confirms the existence of clusters of variable sizes,
most of which show high density and are therefore located at
the bottom of the gradient, while the smaller ones are placed at
intermediate densities. These complexes probably consist of
polymer which avoid water contact by forming aggregates with
each other, and are stabilized through hydrophobic interactions
by phospholipids which place their nonpolar tails toward the
polymer aggregates and expose their polar heads to the aqueous
phase.
Stability Assays. Complex stability was explored as a

function of pH (from pH 2.5 to pH 13.5) by monitoring the
fluorescence spectra of the samples at the different pHs and
plotting their area in relation to that obtained at pH 7.5 (Figure
8). Results show that the fluorescence intensities of both
polymer populations are practically preserved in a large range of
pH’s, even in acid media. However, while the fluorescence
corresponding to BF was stable at high pH, that of TF showed
a decrease of up to pH 12, probably due to the phospholipid

hydrolysis that results from this pH induced membrane
breakdown.
Figure 9 shows the stability of the complexes as a function of

storage time for samples which were prepared and kept in the

dark, at 4 °C, for up to 20 days. Stability was evaluated by
monitoring the fluorescence spectra of the complexes at room
temperature and plotting the area of each spectrum as a
function of time (days after preparation). For the first 10 days,
small fluctuations of fluorescence intensity were detected for
both complexes, but in general, behavior was stable. However,
after 10 days, a decrease in fluorescence intensity was observed
for both structures, which was probably caused by the
aggregation of the complexes and the subsequent precipitation
of the aggregates formed.

Encapsulation of the Complexes in a Sol−Gel Matrix.
Silica sol−gel materials have been shown to be an excellent
medium for macromolecule immobilization. Macromolecules
are individually caged in the glasses and retained in pores that

Figure 6. Transmission electron micrographs, negatively stained in isolated fractions: Top (A) and bottom (B) fractions. Control of MLV’s isolated
at 20% sucrose in the same procedure (C).

Figure 7. DSC thermograms corresponding to TF (thick line), BF
(thin line), and MLVs of pure DMPC (points).

Figure 8. Fluorescence intensity (relative to that obtained at pH 7.5)
for TF (squares) and BF (triangles) as a function of pH. Dashed lines
represent references.

Figure 9. Evolution over time of the fluorescence intensity of the
different fractions: TF (squares) and BF (triangles) in solution (empty
symbols) and immobilized into a sol−gel matrix (filled symbols). Lines
represent trends of experimental data.
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protect them from aggregation, providing an environment
similar to that of their natural medium. The resulting entrapped
macromolecule usually retains its structural integrity and
functionality and is accessible to small molecules diffusing
into the matrix, all of which enable applications in biosensors
and biotechnology.34−38 Few specific studies on the encapsu-
lation of polyfluorenes in sol−gel matrix were found in the
bibliography. In previous research, our group characterized the
properties of PFPBr2−cyclodextrin complexes as well as the
cationic derivative polyfluorene HTMA−PFP complexes after
encapsulation in mesopourous silica.14,29 In addition, Evans et
al. have recently demonstrated the macroscale homogeneity of
analogue nanocomposite materials in sensor devices.39

Taking into account the interesting properties of these
materials, the complexes corresponding to TF and BF were
separately immobilized in a sol−gel matrix. The excellent
optical transparency of the matrix allowed the characterization
of both structures within the nanopores through fluorescence
spectroscopy. Fluorescence spectra of the immobilized
complexes were directly recorded from the sol−gel monolith
and are shown normalized in Figure 10. The fact that the
emission spectra of the two structures practically coincide with
those recorded in solution is indicative of the suitability of the
immobilization process.

The stability of the immobilized complexes as a function of
storage time was explored by monitoring their fluorescence
spectra and plotting the area of each spectrum. Results were
compared with those obtained from the same complexes before
encapsulation (Figure 9). As we can see, the fluorescence
intensity was very stable for at least 18 days, in contrast to what
occurs in solution. This behavior can be explained because the
encapsulation of both polymer populations within the pores of
the silica matrix reduces the possibility of aggregation as well as
the eventual precipitation of these structures at the bottom of
the flask.

■ CONCLUSIONS
In this study, the conjugated polymer PFPBr2, which is
completely insoluble in aqueous media, has been solubilized in
a buffer solution through its interaction with zwitterionic
phospholipids. This strategy makes it possible to work with
neutral CPs in aqueous media, eliminating the need to
synthesize new water-soluble CPs. After lipid interaction, two
distinct fractions are produced, one of which corresponds to
liposomal complexes and the other to polymer−phospholipid

aggregates/clusters. These structures show different composi-
tion and specific spectroscopic properties, and both are stable
in a large range of pH. In addition, their fluorescence intensity
remains practically unaltered for 10 days; afterward, it
decreases, probably because of aggregation. The two structures
could include small molecular dopants to achieve applications
in bioimaging and drug delivery; the use of one or the other will
depend on the potential application, taking into account the
different polymer aggregation states and fluorescent properties
of each fraction. Moreover, these structures can be immobilized
in a silica sol−gel glass without their fluorescent properties
being affected, leading to considerable increases in their
stability, allowing an easy manipulation of the material and
extending their potential biomedical applications in the
development of conjugated polymer based biosensors.
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